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EXECUTIVE SUMMARY 

 

Environmental DNA, or eDNA, refers to the DNA that organisms leave behind or shed as they 

pass through the environment. DNA technology has evolved to allow researchers to detect DNA 

signatures from material such as mucus, feces, urine, or sloughed skin that is naturally contained 

within water, soil and other mediums. Through this project, ACA worked towards a reliable 

method of detecting amphibians using eDNA in pond water and pond-bottom sediment. The first 

phase involved a collaboration on a M.Sc. project developing an approach for detecting 

amphibians with eDNA from water and sediment samples. The second phase, reported here, 

involved a partnership with Washington State University to further refine and compare 

techniques for collecting eDNA from water and sediment sampling methods. In 2018, we 

adjusted our sampling protocols to enable more complete coverage of study ponds to improve the 

likelihood that target species’ eDNA were present in the samples of water and sediment 

collected. We believed this new strategy would improve our ability to detect species that occur in 

lower densities or have tadpoles with schooling behaviour (e.g., boreal toad) that may result in 

patchy distribution of their eDNA in a pond. Both sampling techniques were successful in 

detecting amphibians; the water filtration technique was as good as field surveys for detecting 

the presence of amphibian species at the ponds sampled, whereas detection was lower from 

samples assayed using pond-bottom sediment. When deciding on which method to use, the 

greater simplicity of sampling sediment but uncertainty from the potential of including relic 

DNA must be weighed against the increased detection ability of the water filtration technique. 

These results indicate eDNA sampling can be an effective alternative to more traditional 

amphibian monitoring methods in Alberta, when studying cryptic or non-vocalizing species, or 

species that occur at low abundance in aquatic systems. 

 

Key words: Alberta, amphibian, eDNA, evaluation, filtration, lentic, sediment
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1.0 INTRODUCTION 

 

Amphibians are an integral component of Alberta’s biodiversity, and knowledge of their 

distribution at a fine scale is essential to their conservation. Amphibian occurrence data can 

provide insights about their status and population trends in response to habitat availability 

(Ficetola et al. 2015), environmental change (Chen et al. 2011), and ongoing threats, such as 

emerging pathogens (Stuart et al. 2008, Collins and Crump 2009, YAP et al. 2017). Reliable  

species occurrence data are crucial to help guide management decisions (Gabrielle et al. 2013, 

Alberta Environment and Parks 2018, 2019), inform options for mitigating potential harm to 

amphibians from habitat loss or degradation, and facilitate human-mediated movements of 

amphibians for conservation and mitigation purposes (Randall et al. 2018).  

 

The detection of amphibians using traditional survey methods (auditory techniques and visual 

encounter surveys) can be hampered by their complex behaviours and ecology, making them 

difficult to locate (Heyer et al. 1994, Russell and Bauer 2000). Although the distinct calls of 

most frogs and toads are relatively easy to detect during their breeding season, and can be used 

for species identification, some behaviours limit our ability to reliably detect them; for instance, 

chorusing males may be active or vocal at unpredictable times of the day or season, or only at 

night, or inactive under certain weather conditions, and some species may have weak calls or not 

produce a mating call. For example, breeding boreal toad (Anaxyrus boreas boreas) males in 

some populations do not produce a mating call (Olson et al.1986, Species at Risk Committee 

2014). Salamanders are non-vocal at breeding, making call surveys futile. Some populations of 

amphibians may skip breeding in a year as a result severe drought, such as the Plains spadefoot 

(Spea bombifrons) and Great Plains toad (Anaxyrus cognatus) (Werner et al. 2004), or only 

become active in response to heavy rainfall events. While some species have a prolonged calling 

period, such as the boreal chorus frog (Pseudacris maculata), some species call over a very short 

period in early spring, such as the wood frog (Lithobates sylvaticus). Amphibian ecology may 

further hamper our ability to inventory or monitor populations; visual searches for amphibians 

are challenged by their changing life stages and seasonal habitat use. Many species of 

amphibians are well-camouflaged and elusive, and spend most of their lives in burrows, 

underground or under various types of cover. Taken together, multiple surveys are often needed 

at a given locality to ensure the full suite of potential species are detected; these challenges are 

intensified if amphibian occurrences are patchy and at low densities, or if nighttime work is 

required. 

 

In comparison to traditional methods for surveying amphibians in aquatic habitats, the molecular 

analysis of genetic material recovered from environmental samples (e.g., water or sediments) has 
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the potential for greater sensitivity in detecting amphibians, and to be less time-consuming and 

costly (Rees et al., 2014). Environmental DNA (eDNA) may be used to detect cryptic, rare, 

nocturnal and transient species, as well as individuals hidden from view, without the need to 

isolate or sight a species (Jerde et al. 2011, Taberlet et al. 2018). However, we recognize that 

there are several sources of potential error that generate uncertainty in the results of eDNA 

survey methods. For example, the ability of DNA to persist in the soil or other substrates after an 

organism has left or died can produce a false positive in eDNA analysis; conversely, inhibition of 

the polymerase chain reaction (PCR) process at the molecular analysis stage, can result in failed 

or delayed amplification of the target species’ DNA, decreasing the probability of detecting 

DNA when it is present, producing a false negative result. However, study design and procedural 

and quality control measures in the field and laboratory can limit these and other potential 

sources of error (Roussel et al. 2015, Goldberg et al. 2016, Harrison et al. 2019, Mathieu et al. 

2020). 

 

Through an initial phase of this work we collaborated with the University of Alberta. An eDNA 

sampling protocol was developed that enabled the identification of at least three species of 

amphibians by simply taking samples of water and aquatic sediment from ponds (Booker 2016).  

In 2016, we then embarked on a second phase to further refine the sampling methods to improve 

detection consistency. We assessed the reliability of eDNA collected from water filtration versus 

pond-bottom sediment in partnership with Washington State University (WSU). Laboratory 

results suggested that the field protocols had shortcomings for detecting amphibians that occur at 

low densities, or where eDNA from tadpoles with schooling behaviour is not well mixed into the 

aquatic system. In response, we adjusted our field sampling approach in 2018 so that eDNA from 

species with low density or tadpoles with schooling behaviour would not be missed as easily. 

 

We modified the spatial distribution and number of sampling stations to improve detection and 

refined our field controls to reduce the potential of cross-contamination of eDNA samples. We 

compared the results of assays from samples collected with two different eDNA sampling 

techniques (i.e., water filtration vs. pond-bottom sediment) to determine if: a) our ability to 

detect amphibians from eDNA sampling differed from detections of amphibians using traditional 

surveys, and b) whether detections were more consistent with one eDNA sampling technique 

over the other. 

 

The presence of eDNA provides evidence of a target species; it cannot verify whether the target 

species is alive or whether a viable population is present, only that it is, or has been, present in 

the recent past (Goldberg et al. 2016). DNA degrades in the environment at variable rates. Decay 

times in sediment can vary from days and weeks to thousands of years (Harrison et al. 2019), 
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whereas eDNA decays within a few days or weeks (or months) in the water column, reflecting 

present-day rather than past diversity (Pedersen et al. 2015, Strickler et al. 2015). As such, we 

anticipated the detection of amphibian-specific eDNA in the water and aquatic sediment samples 

collected from ponds in our study where amphibians were known to be present. 

   

 

2.0 STUDY AREA   

 

In cooperation with private landowners, five ponds in central Alberta were selected for eDNA 

sampling. Three ponds were situated approximately 13 km northwest of the town of Redwater, 

within Thorhild County, and two ponds were situated approximately 4 km west of Elk Island 

National Park, within Strathcona County (Figure 1). 

 

Study ponds were standing (natural and human-made), fishless waterbodies containing varying 

amounts of native floating, aquatic (rooted) macrophytes, and aquatic emergent vegetation. The 

ponds were also characterized by variable water depths and shallow sloping shorelines, often 

with adjacent boggy areas (Appendix 1). 
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Figure 1.  Map showing study areas (i.e., study ponds) within central Alberta. 
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3.0 MATERIALS AND METHODS 

 

3.1 Visual amphibian surveys (traditional method) 

 

We conducted traditional amphibian surveys (Alberta Conservation Association and Alberta 

Sustainable Resource Development 2010) at the five study ponds prior to eDNA sample 

collection (i.e., June 21, 2018) and during sample collection (i.e., June 27–29 and July 4, 2018). 

Visual surveys for amphibians involved slowly walking along the edges of the study ponds, 

watching carefully for the movement of all age classes of amphibians underfoot or in shallow 

water. Amphibian surveys were timed to coincide with the larval stage of development of the 

anticipated species at the ponds. Larval surveys were selected because that life stage can be 

found in high densities in some waterbodies allowing easy detection. Moreover, the larval stage 

of most amphibians is long-lasting, providing a protracted survey period for that stage of 

development. Importantly, the presence of larvae confirmed the use of habitat for breeding by 

any species detected. The survey periods also overlapped with the sudden and rapid emergence 

(metamorphosis) of larvae and when large numbers of young-of-the-year gather for a short time 

along the edges of their natal waterbody before dispersing into surrounding habitats, further 

improving potential detection. A dip-net was used when larvae were possibly hidden from view 

by dense aquatic vegetation, turbid water, and/or overhanging bank vegetation, or obscured by 

reflections or ripples on the water surface. 

 

3.2 eDNA sample collection 

 

We collected eDNA samples using two approaches, following the protocols used by Goldberg 

and Strickler (2015) and Booker (2016) with slight modification to improve spatial sampling at 

each pond. Sample collection occurred on June 27–29, 2018 and July 4, 2018. We focused on 

improving detection probability by increasing the number of sampling stations at each pond from 

a maximum of three equally spaced stations (depending on the size of the pond), to ten equally 

spaced stations. We also created a triplicate composite sampling scheme for both eDNA 

sampling techniques. 

 

3.2.1 Water filter sampling 

 

First, we stratified the perimeter of each of the five ponds into ten equi-spaced collection 

stations, to ensure sufficient spatial coverage for sampling. From each station, we collected three, 

100-ml pond-water samples and placed them into three separate 1-L polypropylene containers. 

At each subsequent sampling station, a 100-ml sample was added into its respective 1-L 

container, creating three mixed 1-L samples (i.e., containers A–C in Table 3). Three separate 
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designated long-handled scoops were used to collect the 100 ml water samples for each 

respective 1-L polypropylene container. From each of the three mixed 1-L samples, we 

subsampled and filtered 250 ml of water, in triplicate. We processed water samples in situ using 

250-ml disposable polypropylene filter funnels fitted with 0.45 μm nitrocellulose filter 

membranes. A 1-L polypropylene vacuum flask with tubulation and section of silicone tubing for 

connection to a hand-driven vacuum pump was used to filter the 250 ml water through the 

membranes. Each processed filter membrane was dried and stored individually at room 

temperature in a coin envelope containing a small amount of moisture-indicating silica desiccant 

beads to control humidity and prevent degradation of the samples until processed. 

 

3.2.2 Pond sediment sampling 

 

At each of the ten stations (after water sampling), we collected three small samples of pond-

bottom sediment from the top 2 cm – 3 cm of the sediment profile and placed each sample into 

its own separate small plastic bag (i.e., bags A–C in Table 3). Each subsequent sediment grab 

sample was added into its own respective plastic bag, creating three bags of mixed pond 

sediment, each with a total of ten grab samples. From each of the three bags of mixed sediment 

and using 2 mL microcentrifuge tubes, we subsampled in situ 2 ml of the sediment, in triplicate. 

We wore a non-powdered disposable nitrile glove when collecting and handling pond-bottom 

sediment samples, being careful not to exceed the glove’s cuff when reaching into the water. The 

microcentrifuge tubes containing the sediment samples were temporarily stored in a cooler with 

ice while in the field, and later moved to a household freezer until being shipped frozen to the 

laboratory to be processed. 

 

We prepared field negative controls for each sampling technique, and for each pond. Deionized 

water was used for the water filter controls, and coir fiber, wetted with deionized water, was used 

for sediment controls. The controls were subjected to all aspects of sample collection, field 

processing, preservation, transportation and laboratory handling, and analyzed as environmental 

samples. 

 

3.3 Laboratory analysis 

 

Frozen sediment samples were sent to WSU and moved directly to a laboratory freezer until 

analyzed; the filter membranes were stored at room temperature inside a cabinet, until extraction. 

Prepared samples consisted of 50 filters preserved in ethanol and 50 sediment samples, nine of 

each from each of five field sites, plus a field negative control of each kind from each field site. 
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We extracted eDNA from the filters using a standard DNeasy/Qiashredder protocol (Goldberg et 

al. 2011) and from the sediment samples using a PowerSoil Kit (MoBio, now owned by Qiagen). 

We used the assays developed by Booker (2016) for wood frogs, boreal chorus frogs, and boreal 

toads. Reactions were run using Quantitect Multiplex PCR Mix (Qiagen, Inc, Hilden, Germany) 

with recommended multiplexing concentrations (1X QuantiTect Multiplex PCR mix, 0.2 μM of 

each primer, and 0.2 μM probe) on a CFX96TM Real-Time PCR Detection System (Bio-Rad, 

Hercules, CA) at WSU. Reactions were 15 μL in volume and each included 3 μL of sample, as 

well as exo-IPC (Applied Biosystems) to test for inhibition. Cycling began with 15 min at 95°C 

followed by 50 cycles of 94°C for 60 s and 60°C for 60 s.  

 

Data were analyzed with CFX Manager Software (BioRad). Each species was analyzed 

separately, in triplicate. If inconsistency was observed (1 or 2 out of 3 wells testing positive), the 

sample was re-tested and considered positive if at least 1 well tested positive in the second 

round. This accounts for low-probability false-positive events, estimated at 0.02 per well in a 

similar study (Smith and Goldberg 2020). 

 

4.0 RESULTS 

 

4.1 Visual amphibian surveys (traditional method) 

 

Five species of amphibian have ranges that overlapped with the eDNA sampling pond locations. 

We detected amphibians at all five ponds using traditional survey methods (Table 1). 

Observations included the larval, young-of-the-year, sub- and/or adult age classes of wood frog, 

boreal chorus frog, and boreal toad (Figure 2).  

 

 

 

Figure 2. Representative photos of amphibian species detected during traditional amphibian 

surveys at the five study ponds. A. wood frog (Lithobates sylvaticus); B. boreal 

chorus frog (Pseudacris maculata); C. boreal toad (Anaxyrus b. boreas). Photos: 

Kris Kendell. 
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We did not detect the Canadian toad (Anaxyrus hemiophrys) or tiger salamander (Ambystoma 

mavortium) at any of the study ponds in 2018. The wood frog was the most commonly 

encountered amphibian species at the ponds (Table 1). 

 

Table 1.  Amphibian species detected at study ponds during visual surveys in June and July 

of 2018. 

 

Pond 

Date 

surveyed 

(mm/dd/yy) 

Field species detected 

WOFR BCFR BOTO CATO TISA 

1 
06/21/18 ● - - - - 

06/27/18 ● - - - - 

2 
06/21/18 ● - ● - - 

06/28/18 ● - ● - - 

3 
06/21/18 ● ● - - - 

06/29/18 ● ● - - - 

4 
06/21/18 ● ● ● - - 

06/29/18 ● ● - - - 

5 
06/21/18 ● - - - - 

07/04/18 ● - - - - 

Codes: WOFR = wood frog, BCFR = boreal chorus frog, BOTO = boreal toad, CATO = Canadian toad; TISA = 

tiger salamander; (●) = Detected, (-) = Not detected 

 

4.2 eDNA sample collection 

 

Pond perimeters varied between approximately 57 m and 283 m, resulting in a 6 m to 28 m 

spacing between sample collection stations, depending on pond size (Table 2). 

 

In total, we processed, in situ, 50 filters and 50 aquatic sediment samples from five ponds: nine 

of each from each pond, plus a negative field control of each sample type from each pond (Table 

3). 
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Table 2. Approximate pond perimeter and distance between sampling stations around each 

pond. 

 

Pond Perimeter (m) 
Station  

Spacing (m) 

1 267 27 

2 283 28 

3 57 6 

4 76 8 

5 211 21 

 

 

Table 3.  Number of water filter, pond-bottom sediment and negative control samples taken 

for each eDNA sampling technique at ponds visited in June and July of 2018. 

 

Pond Date 

Water filter† 
 

Sediment‡ 

250 mL 
Control Total 

 

2 mL 
Control Total 

A B C 
 

A B C 

1 06/27/18 3 3 3 1 10 
 

3 3 3 1 10 

2 06/28/18 3 3 3 1 10 
 

3 3 3 1 10 

3 06/29/18 3 3 3 1 10 
 

3 3 3 1 10 

4 06/29/18 3 3 3 1 10 
 

3 3 3 1 10 

5 07/04/18 3 3 3 1 10 
 

3 3 3 1 10 

Total 50 
 

Total 50 

†10 stations, 100 mL water collected per station, homogenized into three 1L containers (A, B, C); 250 mL 

subsampled in triplicate 

‡10 stations, grab sample of aquatic sediment collected per station, homogenized into three plastic bags (A, B, C); 

2 mL subsampled in triplicate 

 

 

4.3 Laboratory analysis 

 

All field and laboratory controls tested negative, meaning there was no evidence of cross-

contamination among samples within a pond or among ponds, or among extracts. All species 
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detected using traditional field surveys were also detected using the water filter technique, at all 

five ponds. In comparison, detection was lower using the sediment sampling technique, which 

failed to detect boreal chorus frogs and boreal toads at two of five ponds where they were known 

to be present based on field surveys (Table 4). 

 

Table 4.  Laboratory assay results of water filter and sediment samples from ponds where 

target field species were detected. The number of total positive samples (out of 

nine collected per site) is presented for each species. 

 

Pond Species Detected in 

Field Survey 

Number of Positive Triplicate Tests 

Filter Sediment 

1 

 

WOFR ● 9/9 9/9 

BCFR - 0/9 0/9 

BOTO - 1/9 0/9 

2 

WOFR ● 9/9 3/9 

BCFR - 4/9 3/9 

BOTO ● 5/9 0/9 

3 

WOFR ● 9/9 9/9 

BCFR ● 9/9 0/9 

BOTO - 0/9 0/9 

4 

WOFR ● 9/9 9/9 

BCFR ● 9/9 9/9 

BOTO ● 1/9 1/9 

5 

WOFR ● 9/9 9/9 

BCFR - 0/9 0/9 

BOTO - 0/9 0/9 

Total number of positive tests (%)  
74/135 

55% 

52/135 

39% 

Codes: BOTO = boreal toad, WOFR = wood frog, BCFR = boreal chorus frog; (●) = Detected, (-) = Not detected
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At two ponds, eDNA sampling performed better than conventional amphibian monitoring 

methods. At Pond 1, boreal toads were detected in filters but not seen during field surveys. At 

Pond 2, boreal chorus frogs were detected in both filters and sediment, but they were not seen 

during field surveys. Overall, filters (55%) had higher proportions of samples testing positive for 

species detected in field surveys compared to sediment (39%). The wood frog had the highest 

number of total positive tests (100% filters, 87% sediment) for species confirmed present during 

field surveys (Table 4). 

 

5.0  DISCUSSION 

 

We have demonstrated that eDNA can be used to detect amphibian presence in ponds, using 

filtered pond water and pond-bottom sediment samples. Moreover, our results showed that 

eDNA analysis was a more sensitive method of species detection, and sometimes detected 

species that were not recorded during traditional amphibian surveys. Using eDNA sampling, we 

were able to improve our ability to detect the boreal chorus frog and the boreal toad. At two 

ponds, eDNA sampling performed better than conventional amphibian monitoring methods. At 

Pond 1, boreal toads were detected in filters but not seen during field surveys in 2018. It is worth 

noting that we did observe boreal toads at Pond 1 two years earlier, on June 30, 2016, so it is 

possible that their eDNA is still present even though there are no longer boreal toads in the pond, 

or that our traditional surveys failed to detect boreal toads in 2018. The boreal toad occurred in 

low densities in our study ponds and was expected to have a patchy distribution of eDNA 

because of tadpole behaviour; their tadpoles are known to form dense synchronized schools that 

seek out warm microhabitats in their natal ponds, often remaining near oviposition sites of the 

adults until metamorphosis is complete (Matsuda et al. 2006, Russell and Bauer 2000, Werner et 

al. 2004). At Pond 2, boreal chorus frogs were detected in both filters and sediment, where they 

were not seen during any field surveys, including two years earlier on June 28, 2016. Because of 

our strict laboratory protocols to minimize detection errors (false positive or false negatives), we 

are confident in these results. 

 

It is worth noting that several ponds had only one sample out of nine detect the eDNA of the 

boreal toad. This seems to indicate that our field sampling intensity of ten stations per pond was 

barely adequate, and that increased sampling effort might detect more species, especially species 

with a patchy distribution.   

 

The decay rate of DNA is one factor to consider when deciding to use pond-bottom sediment 

versus water filtration for collecting eDNA samples. It is well known that waterbody sediments 

adsorb eDNA (Thomsen and Willerslev 2015), providing a potential source for species detection. 
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For example, Turner et al. (2015) found that carp (Hypophthalmichthys spp.) eDNA could be 

extracted from aquatic sediment in experimental ponds and natural rivers. In water, eDNA 

breaks down within a few days to a few months, depending on environmental conditions that 

influence its decay (Strickler et al. 2015). In other environments, such as waterbody sediments, 

the persistence of eDNA can be much longer (Pedersen et al. 2015) because of anoxic conditions 

that reduce nuclease degradation, and the physical process that influence eDNA persistence (e.g., 

UV-B and high temperature) are lower at the bottom of a pond compared to within the water 

column (Goldberg et al. 2018). But not all research has shown eDNA decay to be longer in 

sediments versus water (e.g., Wei et al. 2018). So there are challenges to inferring current or 

historical site occupancy from water and sediment eDNA. Understanding eDNA decay under 

specific conditions is critical for robust data interpretation (Harrison et al. 2019). 

 

Although our results show that water filtration had higher levels of species detection than 

sediment collected at the same time, we feel sediment collection for eDNA analysis may warrant 

further investigation. An advantage to sediment sampling is its simplicity when compared with 

that of the filter sampling method. For instance, filtration of water involves more elaborate steps 

than sediment collection and requires the use of nitrocellulose filter membranes, which are a 

hazardous material that requires special handling. In contrast, the sediment sampling method is 

relatively straightforward, and the samples have minimal post-collection handling requirements 

other than freezer storage. One constraint of the sediment sampling technique is the requirement 

to keep samples cool in the field until they can be stored in a freezer. Nonetheless, when 

deciding on which method to use, the greater simplicity of sampling pond-bottom sediment but 

uncertainty from the potential of including relic DNA must be weighed against the increased 

detection ability of the water filtration technique.   
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7.0 APPENDICES 

 

Appendix 1. Five ponds in central Alberta that were selected for eDNA sampling in June and 

July of 2018: A. = Pond 1 (315420-B); B. = Pond 2 (045923-S); C. = Pond 3 

(315822); D. = Pond 4 (025923); E. = Pond 5 (315420-A). Photos: Kris Kendell. 

 
 

 



 

 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 


